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Highlights  

 Bacterial diversity and richness changed due to Sus scrofa domesticus decomposition 

 Temporal and spatial community shifts evidenced relative to buried material 

 Shifts linked also to temporal changes in taphonomic and environmental parameters  

 DGGE can potentially become another forensic tool for clandestine grave location 

 Applicability potential may be tested/advanced with in situ studies and sequencing  
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Abstract 

The importance of cadaver decomposition knowledge for clandestine grave location 

cannot be over emphasized. Notwithstanding this, only a limited understanding is 

available on the resulting soil microbial community dynamics. To address this 

paucity, a pig leg (Sus scrofa domesticus; 5 kg) was buried in freshly weighed (20 kg) 

sandy loamy soil in a sealed microcosm (40 cm height) in parallel with a soil only 

control. Both microcosms were perforated nine times at equal distances and 

maintained outside. Soil samples were collected through these perforations from the 

top (0–10 cm), middle (10–20 cm) and bottom (20–30 cm) segments every three 

days for the first two weeks, and then weekly up to 14 weeks. PCR-DGGE gels 

quantified by 1D Phoretix showed increases in the cumulative soil community 

richness values of 43, 66 and 106 for the top, middle and bottom segments, 

respectively, in the presence of Sus scrofa domesticus. Shannon-Wiener’s (HꞋ) and 

Simpon’s (D) indices confirmed corresponding species diversity increases in the 

middle (HꞋ = 1.58 – 2.33; D = 0.79 – 0.91) and bottom (HꞋ = 2.48 – 3.16; D = 0.85 – 

0.95) depths between days 10 and 71 compared with the control. In contrast, similar  

evenness  was recorded for all segments in both the Sus scrofa domesticus and 

control soils. 

Keywords: Cadaver decomposition; Soil bacterial community; Sus scrofa 

domesticus; PCR-DGGE  

1. Introduction 

Billions of microorganisms are found in terrestrial habitats with bacteria often the 

most prevalent [1]. Bacteria and fungi are responsible for almost 90% of organic 

matter breakdown and play significant roles in the carbon and nitrogen cycles [2]. 

Less than 1% of microorganisms have, however, been characterised by culture-based 

methods [1, 3]. Despite this, the use of molecular techniques to study soil microbial 

communities has proven to be very successful [4]. Extraction of nucleic acids from 

microbial cells in soil samples by molecular techniques and their various applications 

in polymerase chain reaction (PCR) amplification and hybridization experiments has 

allowed researchers to identify and characterise numerous microorganisms in 

different environments [5, 6]. The importance of cadaver decomposition knowledge 

cannot be over emphasized hence emergent studies have analysed changes in the 
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postmortem microbiome or necrobiome of the abdominal, interior anal and buccal 

cavities and skin of decomposing carcasses [7-10]. Nonetheless, the majority of 

research has focused on above ground decomposition [6, 11-13]. As a result, very 

little is known of soil microbial community changes following cadaver decomposition 

within grave sites [4, 14-16].  

Cadaver decomposition is a complex process and is affected by enzymatic catabolism, 

microbial activity and changes in different environmental variables. It begins 

approximately four minutes after death and progresses through different stages 

namely: autolysis; putrefaction; and decay [14, 16-18]. Of fundamental importance to 

these is the unique roles played by microorganisms although, overall, decomposition 

is still largely a “Black Box” [12, 19-21]. Characterisation and identification of 

changes in microbial diversity can facilitate the location of clandestine or secondary 

graves and provide additional intelligence in cases of complete decomposition (as 

with juvenile remains). Hence, identification of specific catabolic biochemical and 

molecular markers in soil microbial communities represents an essential additional 

tool for forensic practitioners. 

The hypothesis for this decomposition study was that soil microbial community 

changes would result with time and would be identified by targeting specific 

biochemical and molecular markers and, subsequently, quantified by different 

ecological measures. Also, soil microbial community changes were anticipated for the 

different microcosm depths relative to the buried material. This hypothesis was 

tested by identifying temporal and spatial soil community profile changes through 

DNA-based polymerase chain reaction (PCR) and denaturing gradient gel 

electrophoresis (DGGE) targeting the 16S rRNA gene. 

2. Materials and Methods 

2.1 Sus scrofa domesticus burial and sampling 

Two sealed microcosms filled with sandy loamy garden soil (20 kg fresh weight) were 

maintained outside for 98 days with (experimental) and without (control) a 5 kg leg 

of domesticated pig (Sus scrofa domesticus). This species has been used for 

decomposition studies by various researchers because of its close similarities to the 

human body [14, 22]. The microcosms were 40 cm in height and were divided into 
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three depths (top, middle and bottom). Perforations at equal distances and heights 

facilitated aeration, moisture migration, sampling and hygiene maintenance. The 

mean temperature for the study duration was 14.9 °C and the average rainfall was 3.5 

mm (Fig. 1). Composite soil samples for pH determination, DNA extraction and PCR-

DGGE profiling were collected from the three segments on days 0, 3, 7, 10 and 14 of 

the first two weeks and then subsequently at weekly intervals. 

2.2. Soil characterisation 

Soil physicochemical characteristics (Derwentside Environmental Testing Services 

Ltd., County Durham, U.K.) were Al (28 g kg-1), Ca (18 g kg-1), Mg (9.2 g kg-1), K (5.3 

g kg-1), Na (0.37 g kg-1), total organic C (2.8 %), total S (0.03 %), aqueous extractable 

NO3
- (1.5 mg L-1), ortho PO4

- as P (<0.10 mg kg-1), pH (7.6), calorific value (1.2 MJ kg-

1) and electrical conductivity (250 uS cm-1). 

2.3  pH measurement 

The soil samples were mixed thoroughly with deionised water at a ratio of 1:5 (w/v) 

prior to pH determination with a pH 213 Microprocessor (Hanna Instruments, 

Bedfordshire, U.K.) fitted with a Fisher electrode  according to the method described 

by Stokes et al (2009) [13].  

2.4 DNA extraction 

DNA extractions were made with FastDNA®Spin kits for Soil (MP Biomedicals, U.K.) 

according to the manufacturer’s instructions and stored at -20 °C until needed. 

Mixtures of 5 µL DNA template and 1 µL 6X loading buffer were analysed on 1.5% 

(w/v) agarose gels which contained 6 µL SYBR Safe (Invitrogen, U.S.A.). The gels 

were electrophoresed in 1X TBE buffer for 90 min at 150 V and viewed (AlphaImager 

HP®, Alpha Innotech, Braintree, U.K.) under UV light. 

2.5  Polymerase chain reaction (PCR) – denaturing gradient gel electrophoresis 

(DGGE) 

The V3 region of the bacterial 16S rRNA gene from position 356 to 519 was targeted  

for amplification according to Manefield et al. (2002) [23], with the forward primer 

(5’ 

CGCCCGCCGCGCCCCCGCCCCGGCCCGCCGCCCCCGCCCACTCCTACGGGAGGCAG
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C 3’) and the reverse primer (5’ GTATTACCGCGGCTGCTG 3’). The 25 μL PCR 

reaction mixture consisted of 12.5 μL of 2X PCR master mix (Promega, 

Southampton, U.K.), 0.5 μL of the forward and reverse primers (0.2 μM), 1.25 μL 

BSA (0.5 mg mL-1), 8.25 μL molecular grade water (Promega, Southampton, U.K.) 

and 2 μL of DNA templates. The thermo-cycling program (Primus 96 Plus, MWG-

Biotech, Ebersberg, Germany) consisted of 1 cycle at 95 °C for 2 min, 35 cycles of: 

denaturation at 95 °C for 1 min; annealing at 60 °C for 1 min; and extension at 72 °C 

for 1.5 min, and final extension at 72 °C for 30 min. The amplicons were checked on 

1.5% (w/v) agarose gels as above prior to separation (20 μL) on 10% (w/v) 

polyacrylamide gel (acrylamide/bisacrylamide gel 37.5:1) with a 30% to 65% 

denaturing gradient (PHOR-U Ingeny System, Leiden, the Netherlands) at 60 °C and 

110 V for 18 h. The gels were stained with SYBR Gold (Invitrogen, U.S.A.) and viewed 

(AlphaImager HP®, Alpha Innotech, Braintree, U.K.) under UV light. 

2.6 Image detection and statistical data analysis 

The DGGE images were analysed with Phoretix 1D software (TotalLab, Newcastle, 

U.K.) for community fingerprint quantification. Similarities between lanes were 

investigated by the un-weighted pair-group by the arithmetic average (UPGMA) 

method with a synthetic reference lane. The richness (S) and Shannon-Wiener (HꞋ) 

diversity index were determined based on the number of bands in a lane with HꞋ then 

calculated (Equation 1). The Simpson (D) diversity index accounted for the intensity 

(relative abundance) of each band and was calculated (Equation 2). The evenness 

was determined by rank of the log10 of abundance [24]. All data were analysed with 

single factor Anova (p< 0.05). 

Shannon-Wiener index (HꞋ) = −∑𝑃ᵢ ln 𝑃ᵢ Equation 1 

Simpson index (D) = 1- ∑𝒏ᵢ(𝒏ᵢ−𝟏)

𝐍(𝐍−𝟏)
    Equation 2 

 

3.0 Results 

Both treatments recorded increased pH values in the top layer until day 42 when a 

decrease to near neutral (pH ~ 6.8) resulted in the experimental microcosm. Also, 

the bottom layer of this microcosm was more alkaline (pH~8.5) than the control 

(pH~7.6) (Fig. 2). 
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The PCR-DGGE fingerprints were analysed with 1D Phoretix software to determine 

the lanes, bands, band intensities and their positions and to create dendrogram 

representation of different operational taxonomic units (OTUs) present in the soils 

(Fig. 3). The un-weighted pair-group by arithmetic average (UPGMA) measured 

similarities between and within the control (C) and experimental (E) microcosms for 

the three segments: top (T); middle (M); and bottom (B). For the top segment the 

lowest similarity (22%) between the control and experimental microcosm was 

observed on day 71 while the highest (99%) was recorded on days 28 and 63 (Fig. 

3a). The middle depths recorded the lowest similarity (19%) on day 49 and the 

highest (67%) on days 0 and 14 (67%) (Fig. 3b). Finally, the bottom depths recorded 

the lowest similarity (18%) on day 77 and the highest (87%) on days 10 and 14 (Fig. 

3c). 

Species richness (S) was determined by the number of OTUs observed in each lane 

while the relative abundance of individual species was assessed by individual band 

(band volume) intensity. These were then used to calculate the Shannon–Wiener (HꞋ) 

and Simpson’s (D) diversity indices and evenness. No significant differences in 

richness between the top and middle segments of the control (p = 0.39) and 

experimental (p = 0.44) microcosms were apparent in contrast to the bottom depths 

(p = 0.0069; Fig. 4). 

As recorded for community richness, the Shannon-Wiener’s diversity did not reveal 

significant differences between the control and experimental microcosms for the top 

(p = 0.54) and middle (p = 0.14) segments as was apparent (p = 0.0015), particularly 

from day 28, for the bottom segments. In the presence of Sus scrofa domesticus, a 

significant depth difference (p = 0.032) was observed but not for the control (p = 

0.46). In general, an average of the Shannon-Wiener’s diversity determinations for 

the top, middle and bottom depths for the control and experimental soils showed a 

significant difference (p = 0.00004) between the total communities due to the 

presence of the carcass (Fig. 5a). 

Simpson’s diversity revealed a significant difference (p = 0.0057) between the two 

microcosms for the bottom depths (Fig. 5b) but not the top (p = 0.79) and middle (p 

= 0.12) depths. Overall, an average of the Simpson’s diversity measurements for the 
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three layers exemplified a significant difference (p = 0.000029) between the total 

communities due to carcass decomposition. 

The evenness distribution was determined by taking the rank of the log10 of 

abundance of the OTUs, with the inverse log of the slope then used to calculate the 

evenness value [24]. The values for the experimental top, middle and bottom 

segments were 0.788, 0.823 and 0.749, respectively (Fig. 6a) while the equivalents 

for the control were 0.873, 0.759, and 0.942 (Fig. 6b). 

4.0    Discussion 

Cadaver decomposition rate, as described by various scholars [16, 18, 19, 21], is 

influenced largely by the method of body disposal (dumped, buried, frozen, 

submerged), which subsequently affect its interactions with the fauna, flora and 

microbiota in its surroundings. As reported by Belle et al. (2009) [14], the active 

decay stage for a subterranean cadaver occurs within a period of three months. This 

conclusion was supported in the current research where the active decay period, as 

evidenced by extensive tissue decomposition, was recorded between days 10 and 42. 

On day 56 the soft tissue of the Sus scrofa domesticus leg had decomposed 

completely, thereby creating a void between the tibia, fibula and skin, with the skin 

forming a thick barrier against the sandy loamy soil. According to Gill-King (1997) 

[20], in the order of tissue decomposition, connective tissue and integuments are 

usually the last to decompose because of their high collagen content. Again, this was 

in agreement with observations in the experimental microcosm on day 56.  

A further well reported parameter of cadaver decomposition is the formation of 

adipocere [19, 22, 25, 26], which is considered to result from bacterial activity in 

warm, moist and anoxic environments [19-21, 25]. According to Ubelaker and 

Zarenko (2011) [27], adipocere formation is an essential taphonomic phenomenon 

due to its soft tissue preservation and its power to reveal constitutional and 

environmental factors that may prove valuable in forensic investigation with its 

complicating role in the determination of postmortem interval. Also, Forbes (2008) 

[19] reported that soil pH can affect adipocere formation with a midly alkaline 

environment resulting in an increased rate. A similar trend was recorded in the 

current study where adipocere formation on the Sus scrofa domesticus leg was 

recorded on day 45, with an alkaline pH value of 7.55. 
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The transition from aerobic to anaerobic bacteria (Bacteroides, Clostridia, 

Streptococci, Staphylococci and Enterobacteriaceae) during putrefaction has been 

reported widely [4, 19, 21, 28, 29]. This triggers the catabolism of lipids, 

carbohydrates and proteins into organic acids (e.g. butyric, lactic, propionic) and 

gases (e.g. ammonia, methane, sulphur dioxide, hydrogen sulphide), which results in 

a foul odour, colour change and cadaver swelling [11, 16, 18, 19]. Furthermore, the 

seepage of these by-products changes temporarily both the microbiota and soil 

chemistry [30]. As a result, soil microbial profiling at various grave depths is 

essential where understanding and estimating microbial community changes can be 

potential forensic tools. As observed in this study, different microcosm segments 

gave an insight of temporal microbial community changes with decomposition and 

relative to the position/depth of the buried material. These changes can be attributed 

to vertical nutrient leaching in the Sus scrofa domesticus treatment compared to the 

control. The PCR-DGGE analysis showed temporal community profile changes with 

decomposition from days 10 to 77 with some distinct numerically dominant OTUs 

recorded for the three depths compared to the control.  

The diversity indices in the two microcosms showed that carcass decomposition 

resulted in significant differences (p < 0.05) in the three segments with the top 

section recording the lowest total cumulative richness value of 43 in comparison with 

65 and 106 for the middle and bottom segments, respectively. Also, as suggested by 

McGuire and Treseder (2010) [2], a rise in microbial species richness is linked to an 

increase in decomposition. This was observed for the three soil depths with the 

bottom layer in particular having the highest increase in richness from 11 (day 10) to 

26 (day 70) in the experimental microcosm. 

According to Bandeira et al. (2013) [31], the use of a single ecological index to define 

a community overgeneralises its actual biodiversity so the application of different 

indices is recommended. The Shannon-Wiener index, as described by various 

workers [31-33], is a function of evenness and species relative abundance, while the 

Simpson’s index is a function of richness and relative abundance. Despite the use of 

different, but complementary, ecological measurements of the bacterial community 

dynamics, HꞋ and D still showed similar trends of significant diversity differences for 

the three segments of the experimental microcosm compared to the control. This 

suggested a vital role of sample collection and subsequent community profiling of 
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clandestine grave soils relative to the position or depth of the buried material. 

Furthermore, both indices evidenced distinct differences in bacterial community 

diversity in the absence and presence of Sus scrofa domesticus. Therefore, DGGE 

profiling can be used potentially to differentiate between grave and non-grave soils.  

Several authors [34-36] have reported that the closer the evenness number gets to 1, 

the more homogenously are the species distributed in a community. As recorded for 

both microcosms, independent of soil depth, there was no significant difference (p > 

0.05) for the evenness values, which indicated that the bacterial communities were 

evenly distributed. Also, the relatively shallow burial (30 cm) and subsequent 

decomposition of the Sus scrofa domesticus, during the 98-day study, did not result 

in a significant shift in the bacterial community distribution. 

5. Conclusion 

Soil pH changes, coupled with adipocere formation, during Sus scrofa domesticus 

decomposition showed trends comparable to those recorded in other temporal 

taphonomic studies. In contrast to previous reports, this study then linked these 

taphonomic changes to pronounced shifts in soil bacterial community profiles as 

measured particularly by species richness and diversity. It is suggested, therefore, 

that despite their known limitations, the use of molecular techniques, such as PCR-

DGGE, to identify clandestine graves will be of considerable importance and 

advantage as an additional tool for forensic practitioners. Thus, the findings of this 

research justify an extensive field study with subsequent PCR-DGGE profiling and 

sequencing to determine the response of different key microbial communities 

(bacterial, fungal and archaeal) to changes in environmental and taphonomic 

variables that occur in situ. 
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Fig. 1. Average temperature (*) and rainfall (░) during the 98-day study from June 

to September 2010 in Middlesbrough, United Kingdom (data from 

http://www.worldweatheronline.com). 
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Fig. 2. pH readings for the top 10 cm soil segment in the Sus scrofa domesticus () 

and control (∆) microcosms during 98 days of study. 
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Fig. 3a. UPGMA cluster analysis for the top (T) soil depth in the absence (control; C) 

and presence (experimental; P) of Sus scrofa domesticus. 

 

Fig. 3b. UPGMA cluster analysis for the middle (M) soil depth in the absence 

(control; C) and presence (experimental; P) of Sus scrofa domesticus. 
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Fig. 3c. UPGMA cluster analysis for the bottom (B) soil depth in the absence 

(control; C) and presence (experimental; P) of Sus scrofa domesticus. 
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Fig. 4. Richness for the control (top ○, middle □, bottom ∆) and experimental (top ●, 

middle ■, bottom ▲) microcosms. 
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Fig. 5a. The Shannon-Wiener diversity index (HꞋ) for control (top ○, middle □, 

bottom ∆) and experimental (top ●, middle ■, bottom ▲) microcosms. 

 
 
 
 
 
 

 

Fig. 5b. The Simpson’s diversity index (D) for the control (top ○, middle □, bottom 

∆) and experimental (top ●, middle ■, bottom ▲) microcosms. 
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Fig. 6a. Rank of the log10 OTU abundance for community evenness (E) for the top 

(●), middle (■) and bottom (▲) soil segments in the presence of Sus scrofa 

domesticus. 

 
 

 

Fig. 6b. Rank of the log10 OTU abundance for community evenness (E) for the top 

(○), middle (□) and bottom (∆) soil segments in the absence of Sus scrofa 

domesticus. 
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